
Provided by the author(s) and University College Dublin Library in accordance with publisher 

policies. Please cite the published version when available.

Title Nanomechanics of Cells and Biomaterials Studied by Atomic Force Microscopy

Authors(s) þÿ�K�i�l�p�a�t�r�i�c�k�,� �J�.� �I�.�;� �R�e�v�e�n�k�o�,� �I�r�e���n�e�;� �R�o�d�r�i�g�u�e�z�,� �B�r�i�a�n� �J�.

Publication date 2015-07-22

Publication information Advanced Healthcare Materials, 4 (16): 2456-2474

Publisher Wiley

Item record/more information http://hdl.handle.net/10197/9664

Publisher's statement Kilpatrick, J. I., Revenko, I. and Rodriguez, B. J. (2015), Nanomechanics of Cells and 

Biomaterials Studied by Atomic Force Microscopy. Adv. Healthcare Mater., 4: 2456-2474. 

doi:10.1002/adhm.201500229. This article may be used for non-commercial purposes in 

accordance with Wiley Terms and Conditions for Self-Archiving.

Publisher's version (DOI) 10.1002/adhm.201500229

Downloaded 2022-03-06T09:38:49Z

The UCD community has made this article openly available. Please share how this access 

benefits you. Your story matters! (@ucd_oa)

© Some rights reserved. For more information, please see the item record link above.

https://twitter.com/intent/tweet?via=ucd_oa&text=DOI%3A10.1002%2Fadhm.201500229&url=http%3A%2F%2Fhdl.handle.net%2F10197%2F9664


  

1 

 

Nanomechanics of cells and biomaterials studied by atomic force microscopy 

 

 

 

Atomic force microscopy is an indispensable tool for 

nanomechanical measurements of cells, cell 

microenvironments, and biomaterials. The mechanical 

properties of cells and their function are influenced by the 

elasticity of the extracellular matrix. Thus, understanding 

the nanomechanical properties is key for tissue engineering 

applications. 
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The behavior and mechanical properties of cells are strongly dependent on the biochemical and 

biomechanical properties of their microenvironment. Thus, understanding the mechanical 

properties of cells, extracellular matrices, and biomaterials is key to understanding cell function 

and to develop new materials with tailored mechanical properties for tissue engineering and 

regenerative medicine applications. Atomic force microscopy (AFM) has emerged as an 

indispensable technique for measuring the mechanical properties of biomaterials and cells with 

high spatial resolution and force sensitivity within physiologically relevant environments and 

timescales in the kPa to GPa elastic modulus range. The growing interest in this field of 

bionanomechanics has been accompanied by an expanding array of models to describe the 

complexity of indentation of hierarchical biological samples. Furthermore, the integration of 

AFM with optical microscopy techniques has further opened the door to a wide range of 

mechanotransduction studies. In recent years, new multidimensional and multiharmonic AFM 

approaches for mapping mechanical properties have been developed, which allow for rapid 

determination of, e.g., cell elasticity. This review provides an introduction and practical guide 

to making AFM-based nanomechanical measurements of cells and surfaces for tissue 

engineering applications. 
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1. Introduction 

Tissue engineering and regeneration approaches focus on providing tailored substrates 

or scaffolds to cells that best mimic in vivo topographical, mechanical, and chemical 

microenvironments.[1] Extracellular matrix (ECM) stiffness in particular has been shown to 

influence cell shape, adhesion, viability, motility, proliferation, function, and differentiation.[2–

12] Thus, cells dynamically sense and respond to mechanical stimuli.[6,13–17] The forces generated 

by cells depend on and are proportional to the elasticity of the ECM,[18,19] and are mediated by 

the cytoskeleton and other mechanisms,[7,11,14,20] the regulation of which is an active area of 

research.[21–26] Given the importance of the role of ECM elasticity and structure on cell 

behavior[27] and the implications for regenerative medicine and drug delivery,[1] there is a need 

for techniques to characterize the structure and elasticity of native and engineered ECMs and 

the effects these factors have on cell properties and function. Ideally, these techniques should 

be able to access structure and property information across multiple lengthscales, from the 

cellular level to the lengthscale at which cells ‘feel’ their environment, i.e., < microns up to 

complex hierarchical structures, make measurements within physiologically relevant timescales, 

and assess mechanical properties across a wide elastic modulus range (Figure 1).[28] 

Atomic force microscopy (AFM) is a technique that meets these criteria providing both 

structural and mechanical information with high spatial resolution and force sensitivity within 

physiologically relevant timescales in the kPa to GPa elastic modulus range. As such, AFM has 

emerged as a quintessential technique for measuring mechanical properties of biomaterials and 

cells.[29–35] A search of Scopus using the keywords “AFM, elasticity, and cell” shows a growing 

trend in both publications and citations (Figure 2). 

In fact, AFM has long been an enabling tool for the investigation of biological systems, 

which in turn has been a driving force for the development of AFM instrumentation and 

techniques.[36–38] Early applications of AFM in biology focused on imaging DNA, membranes, 

proteins, lipids, and cell surfaces.[36] Contact mode force measurements and amplitude 
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modulation mode phase imaging were subsequently developed and used to elucidate the 

nanomechanical properties of DNA and other biomolecules.[37,39,40] Nowadays, AFM has 

become increasingly sophisticated, e.g., AFM can be applied to investigate friction[41] of 

biomimetic hydrogels,[42] probe electrostatic and electromechanical properties of 

biomaterials,[43] measure extensibility of fibrin fibers[44] and intermediate filaments,[45] map 

molecular recognition sites on cells,[46] perform nanoscale surgeries on live cells,[47] measure 

mitotic cell rounding forces,[48–50] visualize the DNA double helix structure,[51,52] and observe 

the molecular motor myosin walking on actin in real-time.[53] Force spectroscopy has been 

applied to understand, e.g., molecular interactions,[54–57] protein unfolding,[58–63] cell-cell[39] and 

cell-substrate[64] adhesion, and to spatially map perturbations of hydration layers at the GroEL-

water interface with high resolution.[65] All of these AFM applications have implications for the 

continuing development of biomedicine and further information can be found in a number of 

excellent review articles.[66–69] Given the role mechanics plays in determining biofunction and 

human health, including the effects of mechanical forces on lung function (cyclic forces due to 

breathing, oscillatory stresses)[70] and tumor-cell migration,[71,72] there is an ongoing need to 

understand and probe the mechanical properties of cells and their environments with cellular 

and subcellular resolution under physiologically relevant conditions. This review is intended to 

serve as an introduction and practical guide to making AFM-based nanomechanical 

measurements of cells and surfaces for tissue engineering applications, highlighting several key 

examples and recent advances in the field. 

2. Method 

2.1. Atomic Force Microscopy 

AFM has been an enabling technology in a range of fields,[73] including mechanobiology 

and biomaterials characterization.[66,67] In AFM, typically a sharp tip at the end of a 

microfabricated cantilever is used to probe tip-sample interaction forces (Figure 3). An optical 

lever detection system is employed to monitor the interaction forces; i.e., a laser beam is 
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reflected off the backside of the cantilever and into a position sensitive photodiode, which is 

used to determine changes in deflection by tracking the position of the reflected laser beam. As 

the tip is raster scanned relative to the sample (depending on the AFM used, the tip or the sample 

is scanned), changes in the interaction force can be monitored and used to construct an image 

of the surface. AFM can be operated in static (contact mode) or dynamic modes (e.g., amplitude 

modulation, frequency modulation) and can be used to image biological samples under 

controlled conditions (e.g., liquid, ion concentration, pH, temperature) making it an ideal tool 

for the study of biological systems under conditions that mimic the in vivo environment. AFM 

force-distance measurements (Figure 3b) are widely used to measure mechanical properties and 

both pyramidal (Figure 3c) and spherical (Figure 3d) tips can be used, however, the latter has 

an adverse effect on resolution. The lateral resolution of AFM depends primarily on the size of 

the tip-sample contact, the degree of sample deformation and the lengthscale of any surface 

forces present. An AFM image of articular cartilage recorded using a standard microfabricated 

pyramidal AFM tip is shown in Figure 3e, and for comparison, an image recorded using a 

spherical tip is shown in Figure 3f, demonstrating the impact of tip-sample contact size on 

lateral resolution.[74] Comparisons between AFM and other techniques for probing mechanical 

properties can be found in refs. [75–79].  

A popular trend in AFM cell studies is to couple AFM with optical techniques.[48–50,80–

83] This combination is complementary since optical images usually have a larger field of view 

than the area accessible by AFM, making it easier to position the AFM tip at a precise location 

over a cell and to provide context to any AFM data obtained. Many publications show AFM 

data combined with fluorescent data,[84–86] e.g., Bray et al. used the AFM tip to indent a 

cardiomyocyte with a controlled force and the flow of fluorescently labeled Ca2+ inside the cell 

was recorded optically.[87] Geisse et al. used patterned fibronectin substrates to confine 

cardiomyocytes, visualizing the cell topography with AFM and the cytoskeletal remodeling 

using fluorescence microscopy (see Figure 4). This type of combined instrumentation has also 
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been used to visualize the stimulation of nitric oxide mechanotransduction in osteoblasts[88] and 

actin filaments with fluorescent markers while investigating the effect of anti-cytoskeleton 

drugs on cell elasticity.[89] 

2.2. Force-Distance Curves 

A general feature of AFM modes used to determine the mechanical properties of a 

sample though indentation is that they ultimately rely on the determination of a force vs. 

distance relationship. Here, either the cantilever base or the sample is moved by a piezoelectric 

actuator vertically (Z axis) such that the tip-sample gap decreases until contact occurs and the 

cantilever tip experiences a repulsive force causing it to deflect whilst indenting the sample of 

interest (see Figure 3). The maximum force applied during indentation is determined by either 

the predefined path of the Z piezo extension or a maximum force level that is used as a trigger 

to reverse the direction of the Z piezo motion. The force is plotted as a function of piezo 

displacement (see Figure 5).  

Force-distance curves are typically composed of a number of regions of interest: A flat 

baseline where the cantilever is far from the sample surface and there is zero force detected; the 

point of contact (POC) between the tip and the surface; loading of the tip and indentation into 

the sample; the turnaround point where the direction of the Z motion is reversed; adhesion 

where the tip is bound to the sample surface beyond the POC as the tip-sample contact is pulled 

apart; and a return to zero interaction force at large separations. Long-range forces between the 

tip and sample (e.g., electrostatics, hydrodynamics) can occur on approach prior to the POC. If 

the force gradient exceeds the restoring force of the cantilever then a ‘jump to contact’ can 

occur close to the surface (not shown) where the cantilever is mechanically unstable and no 

information can be extracted. Both long-range forces and cantilever instabilities complicate the 

determination of the POC, the implications of which are discussed later. From each force curve, 

maximum force, adhesion force, work of adhesion, sample elastic modulus (typically, Young’s 

modulus is measured in AFM experiments), and indentation depth can be measured. As with 



  

6 

 

instrumented nanoindentation,[90] it is also possible to measure storage modulus, loss modulus, 

and phase angle with AFM by implementing a dynamic drive signal during the indentation.[91] 

These parameters can be used to determine instantaneous modulus, equilibrium modulus, and 

viscosity.[92]  Since AFM requires that the cantilever is inclined relative to the sample, any 

indentation is not entirely normal to the surface. This may induce lateral motion during 

indentation, which complicates data interpretation compared to instrumented nanoindentation 

where motion is constrained to the vertical axis.[93] 

Whilst most of the values of interest can be read directly from a force-distance curve, 

the determination of the elastic modulus of a sample requires application of a model that 

describes the change in contact area as a function of indentation depth as determined by the 

shape of the indenter used. The simplest of these models is the Hertz model,[94] which describes 

a sphere indenting an infinite flat surface with a purely elastic interaction: 

𝑓𝑠𝑝ℎ𝑒𝑟𝑒 =
4

3

𝐸

1 − 𝜐2
√𝑅𝛿

3
2⁄  

(1) 

 

where 𝑓 is the force, 𝐸 is the Young’s modulus, 𝜐 is the Poisson’s ratio, 𝑅 is the sphere radius, 

and 𝛿  is the indentation depth. For a cone geometry indenting an infinite flat surface, the 

Sneddon model[95] can be used 

𝑓𝑐𝑜𝑛𝑒 =
2

𝜋

𝐸

1 − 𝜐2
tan 𝛼 𝛿2 

(2) 

 

where 𝛼 is the cone half angle. Both of these models employ a list of assumptions:[96] i) the 

material properties of the sample and the tip are isotropic and homogeneous; ii) the normal 

contact of the tip and sample is adhesionless and frictionless and the contact geometry is 

axisymmetric, smooth, and continuous; iii) the deformation of the tip is assumed to be 

negligible and; iv) the models neglect plasticity, viscoelasticity, pileup, and/or anisotropy. The 

range of microfabricated cantilevers available generally limits the ability of AFM techniques to 

measure modulus to a kPa to GPa range.  
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Most commercially available AFM cantilevers incorporate a microfabricated tip with a 

pyramidal body and slightly rounded apex. As such, there is usually a transition in the 

applicability of the above models as a function of indentation depth, with the Hertz model being 

more appropriate for very small indentations where the contact is approximately spherical and 

the Sneddon model for larger indentations where a conical geometry is a closer approximation. 

Other authors have combined these models to create blunt[97,98] and truncated cone[98] 

formulations that ensure validity for all indentation depths. 

When adhesion is present, these models must be modified in order for the modulus 

values to be accurate. Common modifications include Derjaguin–Muller–Toporov (DMT),[99] 

Johnson–Kendall–Roberts (JKR),[100] and Maugis–Dugdale (MD),[101,102] which each treat 

adhesion differently. JKR theory describes the case of large adhesive force where the contact 

size is large compared to the indentation depth. DMT describes weak adhesive forces where the 

contact size is small compared to the indentation depth and MD is an intermediate case where 

some negative indentation is permitted due to the adhesive force (dependent on sample 

modulus).[103] There are also other more complex treatments of adhesive forces available in the 

literature. For a review see ref. [104]. Johnson and Greenwood provide a guide which allows for 

the selection of the appropriate model for an indentation based upon the calculation of the 

Maugis parameter[101] and the nondimensional load.[105] 

A range of extended indentation models beyond those traditionally used to describe 

contact mechanics have been proposed in the literature to deal with the complexity exhibited 

by biological systems at the nanoscale. Iyer et al. described modifications to include long-range 

forces due to pericellular brush layers present at the cell surfaces and observed differences 

between cancerous and normal cells.[106] Models have also been formulated to remove the 

influence of a rigid substrate when indenting thin compliant samples such as the lamellipodia 

and filopodia of cells[107] for both adherent and non-adherent cases.[91] Other models such as the 

Tatara model have been developed for large strain indentation and have been applied to the 
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indentation of proteins[108] and cartilage,[109] whilst the Oliver-Pharr method[110] has been used 

to study the modulus of bone.[111] For a review of non-continuum based models see ref. [112]. 

The assumption that the material being indented is isotropic and homogeneous is a poor 

description of biological systems such as cells and other hierarchical biological materials, e.g., 

bone. In order to more accurately describe this anisotropy, multi-regime analysis (MRA) has 

been developed, which treats the various elements of the biological system as discrete elements 

in series.[113] Another approach adopted in the literature is the development of specific models 

for the treatment of thin walled microcapsules as an analogous model for the indentation of 

cells.[96,114,115] 

Cells are inherently viscoelastic at physiological timescales,[116] which can complicate 

interpretation of indentation data. This behavior was first observed by amplitude modulation 

AFM (commonly called tapping modeTM, intermittent content, or AC mode)[117,118] where cells 

were observed to stiffen when probed at microsecond timescales. In order to overcome these 

limitations, indentation experiments are generally conducted sufficiently slowly to be 

considered under quasi-equilibrium conditions or at a specific set of velocities such that the 

contribution of viscoelasticity can be quantified.[91,119–121] Interpretation of viscoelastic 

properties requires the application of Kelvin-Voigt/Maxwell/Burgers models.[122]  

Despite the existence of a range of advanced models for the analysis of AFM indentation 

of biological systems, the Hertz and Sneddon models dominate the literature due to their 

simplicity and widespread implementation in AFM analysis software packages. 

2.3. Practical Guide 

Biological materials such as cells, native and engineered ECMs are complex 

hierarchical materials which can exhibit dramatically different moduli over multiple 

lengthscales and timescales. As such, mechanical characterization to obtain a single modulus 

number that is representative of a sample is often infeasible.[112] Despite this difficulty, it is not 

uncommon to find reports of mechanical properties of biomaterials determined by AFM based 



  

9 

 

on improper experimental methods and the application of inappropriate models, which are 

either incorrect or irrelevant to the chosen application. Most studies make comparisons to 

previously published cell mechanics data rather than assessing the validity of the models 

applied and experimental parameters used.[112] 

The determination of the elastic modulus of cells is fraught with a range of difficulties; 

live cells are dynamic structures that respond to substrate stiffness,[123] surface chemistry,[3] 

time seeded on a surface,[124] chemical cues from their environment,[125] mechanical history,[126] 

progression through the cell cycle,[127] and cell death.[128] Some studies try and remove these 

time dependent phenomena by fixing cells before mechanical analysis but this increases the 

modulus of a cell by orders of magnitude over physiological values.[96] In addition there is 

complexity arising from the presence of the nucleus and stiff cytoskeletal elements,[129] which 

transmit applied forces over large distances to focal adhesions.[14] Unless all of these properties 

are taken into consideration when analyzing indentation data, it is likely that any interpretation 

will be erroneous. For reviews of cell mechanics and parameters affecting their interpretation 

see refs. [130–134]. 

In order to ensure that accurate and meaningful values can be obtained from a given 

experiment, great care and consideration are required in order to determine the exact mechanical 

property, lengthscales, and timescales which are of interest in understanding a sample’s 

behavior. Once these have been identified, experiments can then be carefully planned to extract 

the relevant parameters with adequate consideration to limitations in data collection and the 

application of contact mechanics models. Here, we present a clear set of guidelines for 

quantitative data collection and analysis. The reader is also encouraged to review previous 

guidance provided in the literature.[29,33–35,68,69,135–137]. 

2.3.1. Indentation Depth 

Since most contact mechanics models depend on an assumption of anisotropy, it is 

important to choose an indentation depth which is small (< 10%) compared to the thickness of 
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the sample such that the mechanical influence of the substrate is minimal.[138] Failure to adhere 

to this condition may require the application of thin film models[107,135,139] to correct for the 

influence of the substrate, thereby complicating the analysis and interpretation of data. For thick 

samples the indentation depth should be smaller than the critical parameter of the indenter 

geometry (i.e., tip height for a conical indenter or the sphere radius for a spherical intender). 

Harris and Charras used confocal microscopy to characterize the tip-sample contact area as a 

function of indentation depth; whereas the contact was found to be spherical using spherical 

tips, leading to correct values, pyramidal tips only had pyramidal contacts for small indentations 

and often the lever itself came into contact with the cell, leading to an underestimation of the 

modulus.[83] They also identified that any offset of the tip position from the end of the cantilever 

and the angle of inclination of the lever relative to the surface will limit the maximum accessible 

indentation depth. The above factors limit the maximum useful indentation depth for a given 

sample. By analyzing the elastic modus for a sample as a function of indentation depth, a region 

can generally be identified between these limits where the values are constant.[138] 

2.3.2. Contact Size 

Contact area directly determines the range of moduli that can be accessed for a given 

cantilever spring constant, k. Microfabricated cantilevers generally contain an asymmetrical 

pyramidal tip which enables high resolution spatial mapping but when indenting biological 

samples there is a risk of sample damage (e.g., cell membrane rupture) or exceeding the linear 

elastic limit, which is generally interpreted as a strain of 20%.[135] In addition, the presence of 

cytoskeletal elements in cells often results in the measurement of local moduli that are orders 

of magnitude higher (~GPa) than the surrounding cytoplasm,[127,140] thereby complicating 

statistical interpretation of data. In such cases statistical methods such as outlier rejection[127] 

and principal component analysis[141] may need to be applied. 

For complex hierarchical biological systems such as cells it may be beneficial to choose 

a sphere geometry for the interaction, as it allows for both the averaging of the mechanical 
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response over a larger contact area but also allows for the modulus to be determined with 

smaller indentation depths and higher spring constants. Caution needs to be exercised when 

using this approach to ensure 1) alignment of the sphere with the cell by combining AFM with 

optical techniques and 2) use of geometry where 𝑅 >> cell or where 𝑅 << cell but in the case 

of sphere indentation of cells there is often a case where 𝑅 ~ cell size which can complicate 

interpretation of data. Whilst spheres are often chosen to average areas of the sample and/or to 

enable the measurement of mechanical properties of samples with low moduli, the 

complications associated with large adhesions may impede the interpretation of data. 

Furthermore, the use of spheres larger than the width of the cantilever can cause changes to the 

measured deflection during indentation and require additional corrections to be applied.[142] 

Some authors have also employed flat punch geometries for AFM nanoindentation that simplify 

data analysis by having a constant contact area during indentation. However, such geometries 

may cause damage to the sample due to the concentration of forces at the edges of the indenter 

and care must be taken to ensure a parallel contact with the sample, which is difficult in AFM 

since the cantilever is inclined.[112,143] 

2.3.3. Spring Constant 

The core principle of optimizing indentation data is matching the sample stiffness to the 

spring constant for a given indentation depth; when the correct spring constant is selected, there 

should be a ~ 1:1 ratio between indentation depth and deflection. The use of cantilevers that are 

too soft results in the measurement being dominated by the bending of the cantilever whilst 

cantilevers that are too stiff will not adequately deflect when indenting the sample. In order to 

determine an appropriate spring constant for a given sample, the contact geometry, estimated 

indentation depth, and an estimate of the sample stiffness must be known. By taking the partial 

derivative of 2.1 and 2.2 with respect to indentation, the sample stiffness, 𝜕𝐹 𝜕𝛿⁄ , can be 

obtained from  
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𝜕𝐹

𝜕𝛿
= −

2𝐸√𝑅𝛿

𝜐2 − 1
 

(3) 

 

for a sphere, and 

 
𝜕𝐹

𝜕𝛿
=

4𝐸𝛿 tan 𝛼

𝜋(1 − 𝜐2)
 

 

(4) 

 

for a cone. Plotting 𝜕𝐹 𝜕𝛿⁄  as a function of 𝛿 yields a plot where an appropriate spring constant 

can be chosen based on geometry and 𝛿 (Figure 6). 

The maximum indentation depth is determined by both sample thickness and indenter 

geometry as outlined above. There is an additional constraint to ensure that the cantilever 

response is Hookean whereby the deflection must be kept within the linear small deflection 

limit (< thickness of the cantilever).[144] Since the cantilever stiffness is matched to the sample 

stiffness at the maximum indentation depth, 𝛿𝑚𝑎𝑥, the maximum deflection of the lever will be 

~ 𝛿𝑚𝑎𝑥. Therefore, the voltage detected during indentation will be 

𝑉𝑚𝑎𝑥 ≈
~ 𝛿𝑚𝑎𝑥

InvOLS
 

 

(5) 

 

where 𝑉𝑚𝑎𝑥 should be kept within the linear range of the position sensing photodiode (generally 

0 ± 50% of full range) and InvOLS is the inverse optical lever sensitivity. 

The minimum indentation depth will depend on sample structure considerations, the 

minimum detectable deflection, and the cantilever deflection noise. In most commercial AFM 

systems, the noise in the detection system will be the limiting value. The cantilever also has a 

deflection noise due to its thermal motion, which is proportional to temperature and inversely 

proportional to the spring constant.[145] 

𝑁𝐷𝑒𝑓𝑙 = √
4𝑘𝐵𝑇

3𝑘
 

 

(6) 

 

The indentation depth should be such that the maximum deflection is an order of magnitude 

greater than the maximum of the detection and deflection noise (whichever is greater). Softer 

cantilevers will require a greater indentation depth at the cost of increased deflection noise. 
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2.3.4. Indentation Rate 

The loading rate of the indentation is dependent on the piezo extension velocity during 

the force-distance curve. Most commercial AFM systems specify this velocity indirectly as the 

number of force curves per second (force rate (Hz)) which can be converted to a velocity by 

taking the total Z travel (approach + retract distance) multiplied by the force rate. For a given 

experiment there is a tradeoff between velocity, acquisition time, drift, sample temporal 

stability,[146] and viscoelasticity[91,119–121] of the sample. Whilst the previous discussion has 

presented principles that apply equally to ambient and liquid environments we now focus on 

the influence of cantilever hydrodynamics which can be significant in liquid environments.[136]   

The influence of hydrodynamics on a cantilever in motion is proportional to the velocity 

and indenter size and inversely proportional to the spring constant.[147] For a spherical indenter 

approaching a planar surface, the hydrodynamic force acting on the cantilever will be 

𝐹𝐻𝑦𝑑 =
6𝜋𝜂𝑅2v

𝐷
      (𝐷 ≪ 𝑅) 

(7) 

 

where 𝐷 is the tip-surface separation, η is viscosity, and v is the tip-sample velocity. Typical 

rates, v, for a conical tip indenting a biological surface are between 0.1 and 10 µm/s[31] with 

lower velocities required for spheres due to the larger hydrodynamic drag force.[147] 

2.3.5. Mapping of Mechanical Properties 

There are several commercial AFM implementations where force curves are spatially 

mapped across a sample in order to generate maps of mechanical properties (discussed in more 

detail in Section 5). These include Force Volume (F-V), Fast Force Mapping, 

FastForceVolume™, QI™, QI-Advanced™, Peak Force QMN™ where each method differs in 

the way the data is acquired and analyzed. Despite some of these methods offering faster data 

collection and spatial XY translation during data collection, all of the core principles discussed 

thus far remain equally applicable. When mapping, there should be some consideration of 

avoiding overlapping indents such that each indent accesses a new area of the sample. As such, 
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a general rule of thumb is that each indent should be 5–10 times the contact radius away from 

the previous location so that each measurement can be considered independent. This restricts 

the utility of high resolution mapping to small indentations, which may not reveal the true 

stiffness of complex hierarchical materials and may also limit cantilever choice. The circular 

contact area for an indentation of given depth can be determined using the following[148]: 

𝐴𝑆𝑝ℎ𝑒𝑟𝑒
𝐼𝑛𝑑 = 𝜋(2𝑅𝛿 − 𝛿2) (8) 

 

for a sphere and  

𝐴𝐶𝑜𝑛𝑒
𝐼𝑛𝑑 = 𝜋𝛿2 tan2 𝛼 (9) 

 

for a cone geometry. For large spheres this means that there may only be a single unique 

indentation location per cell where the contact area is free from influence of other indentations. 

2.3.6. AFM Indentation Data Analysis 

In order to extract accurate mechanical properties from force-distance curves, the 

sensitivity and stiffness of the cantilever must first be calibrated. Since the deflection in AFM 

is recorded as a voltage on a position sensitive photodetector there are two calibration 

parameters required; firstly to convert the bending of the cantilever from voltage to deflection, 

known as the InvOLS and secondly the spring constant, which allows the deflection to be 

converted to force through Hooke’s law. InvOLS can be determined by measuring the slope of 

a force-distance curve against a hard substrate (e.g., glass or sapphire, making some 

assumptions about the nature of the contact mechanics) and relies on accurate calibration of the 

Z piezo of the AFM. These values can then be used in conjunction with the thermal noise 

spectrum of a cantilever (vibration of the cantilever due to thermal energy) recorded far from 

the sample surface in order to determine k using the thermal method.[145] One main disadvantage 

of this approach is that the measurement of InvOLS can often result in tip damage, causing a 

loss in resolution and poorly defined indenter geometry.[149] The thermal method also requires 

the use of the kappa factor, κ, to account for a difference in the bending shape of a cantilever 

for an end-loaded cantilever (i.e., the case when measuring InvOLS, indenting or scanning in 
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contact mode) versus a cantilever with a free end (i.e., the case when measuring thermal spectra 

or scanning in dynamic modes). This is generally taken to be κ = 1.09 (where InvOLS𝐷𝑦𝑛𝑎𝑚𝑖𝑐 =

𝜅 InvOLS𝑆𝑡𝑎𝑡𝑖𝑐)[150] but significant corrections may be required for finite optical spot size and 

position effects[151] as well as cantilever geometry.[152] An alternative approach is to use the 

thermal noise spectrum of the cantilever in conjunction with the Sader method (originally 

developed for rectangular cantilevers[153] but later extended to cantilevers of arbitrary shape[154]) 

to obtain the spring constant directly and then derive the InvOLS𝐷𝑦𝑛𝑎𝑚𝑖𝑐value.[149] Using the 

Sader method requires the use of κ to convert InvOLS𝐷𝑦𝑛𝑎𝑚𝑖𝑐  to InvOLS𝑆𝑡𝑎𝑡𝑖𝑐  to allow for 

calibration of indentation measurements. Both the InvOLS value and k should be measured for 

every experiment as minor changes in laser spot position can cause large changes in the 

determination of these values. 

Generally, the analysis of the mechanical properties of a material by AFM requires the 

determination of the force vs. 𝛿  profile for a given force curve. This is constructed by 

subtracting the measured deflection of the cantilever from the known Z position. This allows 

for routine determination of the POC for a stiff cantilever interacting with a stiff sample but for 

soft samples, where the sample can deform due to long-range forces before tip-sample contact 

occurs, this transition is poorly defined leading to an unknown 𝛿 and large errors in any derived 

mechanical properties.[155] Many strategies have been employed in the literature for POC 

determination including visual inspection,[156] model fitting,[155] extrapolation of the first 

derivative,[122,156] and Bayesian analysis.[157] For a brief review of POC determination methods 

see ref. [157]. Harris and Charras demonstrated that AFM combined with confocal microscopy 

can be used to verify the POC.[83] The consequences of inaccurately determining the POC is 

discussed in detail in ref. [155].  

Consequently, methods have been developed to allow the determination of a sample’s 

elastic modulus without needing to determine the POC. A-Hassan initially developed a protocol 
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which enabled the determination of sample modulus by a comparison against a known reference 

sample.[158] Later techniques involving the linearization of the Hertz and Sneddon equations 

have since become prevalent where Equations 1 and 2 become[159] 
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Measuring the slope of (𝑓𝑠𝑝ℎ𝑒𝑟𝑒)
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Here, the remaining terms are the geometric parameters and the Poisson’s ratio. For the 

geometric parameters, relative or absolute methods may be used to determine the critical 

parameters. For the relative method, a calibrated cantilever is indented into a material with 

known properties and then the contact size is used as a free parameter.[156] The drawback of this 

technique is that it assumes that the same contact mechanics model applies for the unknown 

sample and the geometric parameters are only valid at the same indentation depth, which may 

be difficult to achieve on an unknown sample given the other requirements for parameter 

selection. Absolute methods use SEM or blind tip reconstruction[160] to determine the critical 

parameters.  

For microfabricated cantilevers with an asymmetric pyramidal tip, 𝛼 can be determined 

by equating the cross sectional area of a tip at a given height with an equivalent cone. For the 

example of an asymmetric pyramid with differing front, back and side angles (Figure 7) the 

equivalent cone angle can be calculated for large indentations using 
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𝛼 = tan−1 (√
2

𝜋
sec 𝑆𝐴 (tan BA + tan FA) tan SA) 

 

(14) 

 

The determination of an appropriate Poisson’s ratio for biological samples remains a 

topic of contention in the literature with most AFM indentation studies relying on a value of 

0.5, which assumes that the sample is incompressible. A few studies have attempted to measure 

or model the Poisson’s ratio of a cell, yielding values between 0.3 and 0.5.[161–165] Harris and 

Charras used AFM combined with confocal microscopy to show that cells bulge outward under 

indentation and are incompressible.[83] Nijenhuis et al. recently combined two independent 

measurements of mechanical properties, AFM and scanning acoustic microscopy, to directly 

determine the Poisson ratio of mouse fibroblasts to be close to 0.5.[165] The impact of choice of 

Poisson’s ratio on the modulus measured is generally within the uncertainty of an AFM 

indentation experiment.[166] Alternatively the reduced Young’s modulus, 𝐸𝑟, may be reported 

where 

1
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and s and i subscripts denote the sample and indenter, respectively. 

Automated analysis routines have been implemented using a range of the techniques 

discussed above to allow for rapid throughput of analysis both offline[103,156,157,159,167] and more 

recently online.[168] In order to accurately assess the validity of values obtained from any AFM 

indentation based technique it is important to understand the limits of calibration accuracy, 

model assumptions, and the impact of choice of experimental conditions. 

3. AFM Studies of Cell Mechanotransduction  

Cells are often complex, heterogeneous, and relatively soft materials. Their cytoplasm 

contains a wide range of proteins of all sizes, networks of filaments, and organelles, all in 

constant movement. Cellular functions, such as motility, secretions, mitosis, and apoptosis 

involve a constant reorganization of internal cellular structures, creating variations in their 
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internal pre-stress pressure. Cells are also constantly subject to external variable loads and 

understanding their adaptive response to these external forces is fundamental.[169,170] It is well 

described that cells use mechanosensors that activate internal signaling pathways, leading to 

cytoskeletal reorganization and other activation pathways. This area of research called 

‘mechanotransduction’[14,171] offers insight on how cells react at the molecular level to forces 

applied externally on their membranes and how cells interact with their environment. An 

extended review of the mechanisms of transduction can be found in ref. [132].   

Numerous pathologies are linked to changes in the mechanical characteristics of some 

cells: For example, sickle cell anemia is related to a change in the internal structure of red blood 

cells (RBCs), which lose their ability to deform; smooth muscle cells in the lung and their ability 

to contract are a key player in the pathology of asthma; an early sign of arthritis is a softening 

of the articular cartilage.[172] A vast number of publications show that the physiopathology of 

cancers involve a change in the viscoelastic properties of cells: The more aggressive types of 

cancer correspond to the less viscoelastic cells.[6,173–175] The hope is that continuing research in 

this area will further our understanding and lead to new treatments. 

A range of techniques are used to understand mechanotransduction. Classic methods in 

biochemistry aim to understand, in vitro, the molecular cascade of the mechanotransduction. 

Techniques based on the measurement of mechanical properties include particle tracking 

microrheology,[176] micropipette aspiration,[177,178] optical tweezers,[179] traction 

microscopy,[180,181] and magnetic tweezers[182,183] with AFM becoming dominant.[119] AFM 

offers numerous advantages; it can be used on live cells under physiological conditions with 

remarkably high spatial resolution, can detect or apply local forces as low as a few pN and as 

high as a few nN, and can generate topographical images of the surface of cells without causing 

damage.[184]  

Mechanical experiments performed by AFM to study cell mechanics can be divided into 

three categories:  
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1. Measuring the viscoelastic properties of cells by using the AFM cantilever as an 

indenter and measuring the Young’s modulus of the cell.  

2. Measuring the adhesion of cells to different substrate properties (e.g., thickness, 

stiffness, ligand binding density, stretching). These types of studies often involve 

attaching a cell to a cantilever, allowing it to attach to the substrate of interest and 

measuring the force required to detach it from the substrate surface. Other studies assess 

the behavior of cells (e.g., motility, proliferation) in response to changes in the 

properties of the substrate. 

3. Studying the molecules involved in the attachment of the cells on their substrate and in 

the molecular cascade of mechanotransduction.   

In this section we describe how researchers are using AFM to study cell mechanics and present 

an overview of the main results. 

3.1. General Guidelines on how to Study Cells with AFM 

Prior to performing force measurements on cells, researchers may want to image them 

to measure their morphology. In general, it is easier to image fixed cells since they are stiffer,[96] 

but the procedures are the same. Care must be taken to be gentle with the AFM probe to avoid 

damaging the cells or detaching the cells from their substrates (e.g., Petri dish, glass slide). Cells 

can be imaged in either contact mode or dynamic modes. In general, imaging is performed 

slowly, to minimize feedback errors that can damage the membranes (0.2–0.3 Hz).[185] 

Examples of contact mode and amplitude modulation mode imaging of live cells in liquid are 

shown in Figure 8, demonstrating an ability to visualize the underlying cytoskeleton. 

One of the biggest challenges to performing nanomechanical measurements of cells by 

AFM is to grow cells that are well adhered to a flat substrate. If the cells are not adherent 

enough, they may be removed by the AFM tip during imaging. Some typical cell culture 

procedures may be utilized, such as promoting cell adhesion with poly-lysine (poly-L-lysine or 

poly-D-lysine), collagen, laminin or fibronectin coatings.[186] Immobilization techniques with 
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poly-lysine or other molecules[187] have proven to be indispensable for imaging RBCs and 

bacteria.[188–192] Some authors have had success growing bacteria directly on a glass slide to 

promote the attachment of the cells on their own biofilm.[193] Others have used microfabricated 

wells to trap individual bacterium[194] and other nonadherent cells.[195,196] AFM has been widely 

used to study molecular interactions and elasticity of bacteria[67,192,197–201] and in some cases, 

high resolution images of live bacterium membranes have been obtained.[187,188] Finally, some 

authors are using cellulose filter pores to immobilize yeast cells.[202–204] 

For contact mode imaging and force curve investigations on cells with AFM, low spring 

constant cantilevers are used (typical values are 0.02 to 0.1 N/m) to avoid relatively high vertical 

forces. Dynamic modes can be used to image cells with small forces using higher spring 

constants.[205,206] To ensure ideal conditions, live cell experiments should be performed in a 

controlled environment. In practice, users are often able to work at 37°C. Less often, because 

of hardware limitations, experiments are conducted with a flow of CO2 to maintain a correct 

pH in the cell culture medium. 

3.2. Measuring Young’s Modulus of Cells 

Under physiological conditions, most cells are intrinsically viscoelastic, with a 

combination of both elastic and time-dependent responses to deformation. The majority of 

AFM publications relating to cell mechanics attempt to determine a value for the cell elastic 

modulus, which ranges from a few hundred of Pa to tens of kPa. Tao and Lindsay were the first 

to quantify local elastic properties of cells using AFM.[207] Since then, the number of 

publications using these types of measurements has been constantly expanding (see Figure 2), 

and involves a large variety of cells including: human epithelial cells,[208] stem cell-derived 

cardiomyocytes,[209] mesenchymal stem cells,[170] neurons,[210] chondrocytes,[211] and 

fibroblasts.[89,91,212] A typical set of data obtained on live cells is shown in Figure 9. 

Since the mechanical properties of cells are determined largely by the cell membrane 

and the internal cytoskeleton, significant efforts are aimed at understanding the role of each of 
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these components and their interplay. An understanding of the importance of actin filaments 

has proved to be essential in this regard. These are semi-flexible structures, with a persistence 

length of about 20 µm,[116] capable of rapidly growing to enable cell motion. These filaments 

can sustain mechanical stress by forming a 200 nm-thick mesh below the apical plasma 

membrane of mammalian cells (see Figure 8). They are also partly responsible for the 

anchorage of cells to the ECM. Authors are often interested in looking at actin filaments and 

more generally at cytoskeleton structures with AFM. In a pioneering work, Henderson et al. 

used AFM to study the dynamic behavior of the cytoskeleton of live glial cells.[213] More 

recently, Pesen and Hoh used AFM to describe in detail the network of filaments forming the 

cytoskeleton.[214] It has been shown that the stress fibers observed with AFM are mainly F-actin 

fibers.[170] An interesting approach to obtain more information about the relationship between 

the viscoelastic properties of cells and the cytoskeleton is to look at the effect of anti-

cytoskeletal drugs (e.g., cytochalasin B, colchicine, taxol) on the Young’s modulus of cells,[89] 

and even coupling this type of measurement with a direct observation of the re-organization of 

the cytoskeletal fibers in response to spatial confinement.[86]  

Eloquent examples to illustrate the importance of studying cell mechanics come from 

blood cells. In vivo, many cells need to travel inside and even migrate across capillaries 

sometimes smaller in diameter than their own diameters requiring cells to deform and change 

shape to a great extent. RBCs are a good example of this capacity of cells to deform. They are 

very soft cells (Young’s modulus of about 0.15 kPa)[215] but any increase of their stiffness is a 

key indicator of many diseases associated with anemia.[216] Many studies have used AFM to 

understand how a modification in the structure of hemoglobin inside RBCs leads to a change 

in the structure of the membrane (decrease of rugosity) and an increase of the Young’s modulus 

and the viscosity, from healthy to diseased cells.[190,215]  

Metastatic cells, which are responsible for the propagation of cancer cells, are another 

type of cell required to travel and pass through capillaries with small diameters. These cells 
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exhibit a re-organization of cystoskeletal proteins and their contraction, stretch ability, 

deformability, and viscoelastic properties are all modified.[217] Alterations of the actin filaments 

appear to be the main factor responsible for these changes in cancer cells.[218] Many publications 

using AFM quantitative data show that cancer cells are softer and more fluid-like compared to 

non-malignant cells.[219,220] Therefore, AFM may be used as a diagnostic tool for the 

identification of cancerous cells by measuring the cell stiffness and comparing values to benign 

cells.[221–223] In addition to the measurement of Young’s modulus of highly aggressive 

metastatic cells, AFM has been used to study the role of the nucleus in cell stiffness, revealing 

that the nuclear mechanical properties of two lines of cancer cells correlated well with their 

metastatic efficiency.[223] 

3.3. Cell-Cell Adhesion and Cell-ECM Adhesion 

Studying cell mechanics at the molecular level includes measuring the molecular 

interaction between a ligand and a receptor. After the pioneering work of Florin et al. measuring 

the binding energy of avidin and biotin,[224] some authors have repeated this type of 

experiment.[225,226] However, coating a tip with a ligand and maintaining its functionality is 

challenging since the attachment needs to be oriented to expose the binding sites of the molecule 

at the tip apex[227] and subsequently, most authors use polyethylene glycol linkers[46,228] in order 

to provide freedom for the ligand and receptor to interact. The number of molecules attached to 

the tip is also difficult to control and quantify. 

More successful has been the study of cell adhesion to other cells. For example, 

lymphocytes located inside the blood stream are important cells involved in the body’s defense 

that need to deform significantly in order to cross capillaries. This transendothelial migration is 

of particular importance in inflammatory responses and immune reactions. This process first 

involves the lymphocyte adhering to endothelial cells via specific molecules and junctions at 

the surface of the cells. AFM has been used to assess the attachment and immobilization of 

lymphocytes at the molecular level with a high spatial resolution. Jaczewska et al. have attached 



  

23 

 

a lymphocyte (Jurkat cell) to an AFM cantilever via ConA ligands to measure the de-adhesion 

of a single lymphocyte on endothelial cells (HUVEC).[229] The work of de-adhesion was found 

to be 1.4  10-6 J at the center of the endothelial cell and about 1.6  10-6 J around the junction. 

The authors also coated the AFM tip with an endothelial receptor (JAM-A) capable of binding 

to the lymphocyte receptor LFA-1. They used this coated tip to localize the position of adhesion 

spots on endothelial cells with a force of about 50 to 100 pN. This work is illustrative of the 

remarkable range of experiments possible with AFM; not only were the authors able to control 

the environment around the cells (e.g., temperature), they were also able to measure the effects 

of the addition of molecules inside the medium, such as blocking antibodies, in real time. Such 

single cell force spectroscopy measurements have also been successfully applied to study other 

cell types.[82,230–234] 

4. Nanomechanical Properties of Natural and Engineered Biomaterials 

The motivations for probing the nanomechanical properties of biomaterials are diverse. 

For instance, from a biomimicry viewpoint, the optimization of lubrication in hydrogels benefits 

from the measurement and understanding of the ultralow friction properties of cartilage under 

load.[41,42,235–238] In addition, natural nano- to micron-sized biomaterials are used in various 

applications including stimuli responsive nanocomposites,[239] where understanding the 

mechanical properties of, e.g., individual cellulose microfibrils[240] is required. Furthermore, 

many biomaterials, including collagenous tissues such as bone and teeth, exhibit a complex 

hierarchical micro- to nano-structure, which often comprise dissimilar materials. AFM provides 

the possibility of probing the mechanical properties of mineral (i.e., apatite in bone and teeth) 

and protein (i.e., collagen) phases separately. 

In measurements of bone, Tao et al. used AFM to quantify variations in moduli across 

a section of hydrated cow tibia, reporting variations between osteonal and intersitial lamellae 

with 50 nm resolution.[207] Thompson et al. used a combination of indentation and pulling 

experiments to show that the toughness of bone is related to the energy dissipation of collagen 
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sacrificial bonds.[241] In measurements of teeth, Balooch et al. reported that AFM indentation 

measurements of hydrated demineralized dentin demonstrated purely viscoelsastic behavior, 

which disappeared upon desiccation leading to a more than 4-fold increase in modulus.[242] Fong 

et al. probed modulus and hardness across the dentin-enamel junction in sectioned human 

incisor teeth showing a transition from ~ 4.8 GPa in enamel to ~ 0.80 GPa in dentin and allowing 

the identification of the dentin-enamel junction as a 15–25 micron thick composite, which acts 

to inhibit crack formation.[243] Habelitz et al. used an AFM with an indenter system having a 

cube corner indenter (~ 20 nm radius) for indentation and scanning to reveal the anisotropy in 

modulus and hardness in human molar tooth enamel resulting from the microstructural texture 

arising from presence of rod-shaped apatite crystals.[166] 

Cartilage, despite being composed primarily of a hydrated network of collagen fibrils, 

is a complex composite material, reported to have different bulk and nanoscale mechanical 

properties.[74] Stolz et al. compared AFM indentation measurements recorded using ~ 2.5 µm 

radius spherical probes and sharp pyramidal AFM tips of radius ~ 20 nm to reveal 100-fold 

lower modulus for nanoscale measurements.[74] In contrast the more homogeneous agarose gels 

prepared for comparison showed no lengthscale dependence.[74] In addition, enzymatic 

digestion of proteoglycans in the articular cartilage resulted in an increase in stiffness at the 

nanometer but not micrometer scale.[74] AFM indentation measurements have also been 

performed on the extracellular and pericellular matrices of cartilage,[244–247] and other tissues, 

including the sclera of the eye,[248,249] and tendon.[250] 

 Individual collagen type I fibrils have also been investigated extensively using AFM 

nanomechanical measurements. In 2006, Heim et al. determined the modulus of native collagen 

fibrils harvested from sea cucumber dermis to be 1–2 GPa in air and reported that the value was 

relatively constant for fibrils having a diameter of greater than ~ 50 nm.[251] In 2007, Wenger 

et al. reported on the mechanical properties of native rat tail tendon collagen fibrils recorded in 

air, noting a variation in modulus values from 3.7–11.5 GPa attributed to, among other factors, 
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the degree of dehydration.[252] Grant et al. reported that the modulus of reconstituted bovine 

Achilles tendon collagen was 1.9 ± 0.5 GPa in air and 1.2 ± 0.1 MPa in sodium phosphate 

buffer[253] and that this modulus could be increased up to 200 MPa in liquid by adjusting the pH 

and solvent.[254] These results pertaining to collagen fibrils are generally valid under the 

assumption that the fibrils are isotropic,[252] however, the structural arrangement of collagen 

type I molecules in a fibril leads to an anisotropic material,[255] as shown experimentally through 

AFM nanoindentation measurements by Minary-Jolandan and Yu in 2009.[256] The overlap and 

gap regions, which give rise to the well-known ~ 67 nm D-periodicity,[255] were reported to 

have moduli values in air of ~ 2.2 GPa and ~ 1.2 GPa, respectively (Figure 10), and this 

experimentally-observed mechanical heterogeneity was corroborated by molecular dynamics 

simulations.[257] 

 Perhaps the main driving force, however, for probing the nanomechanics of biomaterials 

by AFM relates to tissue engineering. As discussed in Section 1, ECM elasticity influences a 

range of cell properties (e.g., cell shape, adhesion, differentiation)[2–12] and AFM measurements 

have been key to understanding the nanomechanical properties of cell microenvironments and 

characterizing the nanomechanical properties of biomaterials for tissue engineering 

applications.[139,258] As reviewed above, AFM indentation measurements have been used to 

determine the modulus of cartilage ECM.[244] AFM has also been used to characterize meniscus 

ECM,[259,260] sectioned arteries,[139,261] including atherosclerotic plaques,[262,263] human 

trabecular meshwork,[264] with implications for glaucoma, corneal basement membrane,[265] 

decellularized lung scaffolds,[266] breast tissue,[267] including mammary glands,[268] and human 

dermis,[269] among others. Goetz et al. demonstrated that caveolin-1 promotes tumor invasion 

through microenvironment stiffening, observing that the Young’s modulus of wild type 

compared to caveolin-1 knock out mouse embryonic fibroblast-derived matrices was 40% 

larger and exhibited a larger standard deviation.[72] 
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Many recipes are available for the preparation of hydrogels with tunable mechanical 

properties[31,270] and microfluidics approaches exist for developing mechanical property 

gradients.[139,271] An early foray into the use of AFM to probe the mechanical properties of 

hydrogels by Radmacher et al. in 1995 used AFM indentation measurements as a function of 

loading force extracted from force curves to determine solvent-dependent moduli of gelatin.[272] 

Domke and Radmacher noted later that for films less than 1 micron thick the Hertz model no 

longer matched the experimental data due to the influence of the underlying glass slide.[273] 

Rico et al. investigated the nanomechanical properties of 500 µm-thick agarose gels and 

epithelial cells using both blunted pyramidal and spherical tips, developing a contact model to 

determine viscoelastic properties of soft samples with tips conventionally used for imaging.[97] 

They reported that the sharp (~ 100 nm radius) tip had the same force-indentation response for 

small indentations (< 300 nm) as the spherical tips (~ 2.5 µm radius), whereas the modulus 

determined for deeper indentations was roughly twice as high for the pyramidal tips.[97]  Soofi 

et al. used AFM indentation to determine the elastic modulus of 1 mm-thick Matrigel films, 

choosing the thickness in order to minimize the influence of the substrate.[274] Nevertheless, 

Engler et al. reported that cell spreading on thin hydrogels (several µm) was similar to spreading 

observed on thicker hydrogels and suggested that in both cases, the traction force generated by 

cells decays before reaching the substrate.[139] 

 In the same study, Engler et al. used AFM to determine the modulus of the smooth 

muscle cell-rich medial layer of sectioned arteries and created polyacrylamide gels of varying 

modulus, noting that smooth muscle cell spreading reached half its maximum value for 

polyacrylamide gels having moduli comparable to those of the arterial sections.[139] As with the 

polyacrylamide gels, poly(L-lysine)-hyaluronic acid multilayer films showed a similar trend of 

increased spreading with increasing modulus.[139] Guo et al. also prepared and tested 

polyacrylamide gels of varying stiffness to show that substrate rigidity influences cell migration 

and spreading of both immortal and primary cells with implications for tissue formation and 
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maintenance.[258] Similarly, Solon et al. prepared and tested polyacrylamide gels with AFM and 

showed that the substrate rigidity determines cell response.[123] 

Ghosh et al. used AFM to determine the moduli of poly(ethylene glycol) diacrylate 

hydrogels with tunable stiffness and bioactivity as mimics of natural ECM and investigated the 

influence substrate rigidity on fibroblast migration and proliferation.[275] The synthetic 

poly(ethylene glycol)-based hydrogels have also been investigated by other researchers.[276–278] 

Photodegradable poly(ethylene glycol)-based hydrogels were introduced by Kloxin et al. 

allowing in situ modulation of the hydrogel elasticity.[276,277,279] Similarly, Guvendiren and 

Burdick developed hyaluronic acid-based hydrogels with photo-assisted stiffening.[280] 

Recent advances in applying AFM to the nanomechanical characterization of cells and 

biomaterials are presented in the next section. 

5. Recent Developments 

While most of the measurements discussed so far have been based primarily on local 

force-distance curve measurements, including force volume mapping wherein force-distance 

curves are recorded spatially and analyzed to generate maps of, e.g., elastic modulus, there is a 

general trend towards the use of scanning-based approaches for the simultaneous acquisition of 

surface topography and mechanical properties. Such modes are natural extensions of force 

modulation and amplitude modulation phase imaging, where quantification proves difficult 

since changes in phase can arise from multiple sources including adhesion, tip-sample contact 

area, and energy dissipation. 

Following the approach of Anczykowski et al.,[281] Maguire et al. used amplitude 

modulation AFM to calculate and visualize the energy dissipated at locations coinciding with 

cytoskeletal components in mesenchymal stem cells.[206] More recently, in 2012, Payam et al. 

proposed a model that explains phase contrast in amplitude modulation AFM, reporting that 

dissipation dominates the observed phase shift for soft and viscous materials.[282] Frequency 

modulation AFM is generally more widely used than amplitude modulation AFM for 
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quantitative measurements of dissipation. Kilpatrick et al. mapped energy dissipation in 

osteoblast cells using frequency modulation AFM, enabled by a routine to determine good 

initial estimates of the feedback parameters.[205] Whereas in amplitude modulation, the tip 

intermittently taps the surface, in force modulation the sample is pushed into the tip with a 

controlled force during scanning. Thus, force modulation could be seen as a scanning contact 

mode version of force volume mapping.[283] Present day examples of force modulation and 

advanced force volume modes take the form of, e.g., Peak Force QMN™ tapping mode and 

contact resonance (CR) modes such as atomic force acoustic microscopy (AFAM)[284–286] and 

ultrasonic atomic force microscopy (UAFM).[287] 

Peak Force QMN™ is a tapping mode that allows for controlled force and indentation 

and the quantitative mapping of elasticity[288] and has been used to probe the elastic modulus of 

heart valve leaflet stiffness[289] and β-lactoglobulin[290] and alpha synuclein[291] amyloid fibrils. 

In CR modes, the sample is generally mounted onto an actuator, which excites cantilever 

vibrational modes,[292] and was recently implemented using photothermal excitation.[293] CR 

modes have been generally used on relatively stiff materials,[285,286] while still finding 

applications in biomaterials and polymers.[294] AFAM has been used to map elasticity in 

antler,[295] teeth,[296] nacre,[297] and recently smooth muscle cells,[298] while UAFM has been 

used to image the elasticity of bacterial fragments.[299] Complementary electromechanical 

information can be obtained about biological samples using piezoresponse force microscopy in 

combination with CR modes.[295,297] CR modes have been successful in mapping viscoelasticity 

and damping in a range of materials,[300–302] with single, multifrequency, and multiharmonic 

approaches for CR imaging available.[303–308] 

When mapping mechanical properties, the time for a given resolution (number of force-

distance curves) is dependent on the rate of acquisition (Figure 11). Ultimately, the upper limit 

of these techniques is due to mechanical limitations on the Z piezo motion (resonant frequency), 

the mechanical bandwidth of the cantilever, and the sampling rate, which determines the 



  

29 

 

number of data points per force curve. Conversely, the time taken to map a given number of 

locations is inversely proportional to the ramp rate or cycle time. Recent advances in small 

cantilever technology combined with instrumentation developments are likely to see force 

volume-based techniques increase in speed.[212] 

In addition to the possibility of mapping mechanical properties, subsurface imaging can 

be enabled by multiharmonic imaging modes and has been applied to imaging cells,[309,310] 

nanoparticles in cells (Figure 12),[311] and other materials.[312–315] Multiharmonic approaches 

for measuring mechanical properties, often allow several materials properties, such as adhesion, 

stiffness, and dissipation to be captured simultaneously.[316,317] Multifrequency and 

multiharmonic modes, where the excitation of the cantilever and/or detection of the dynamic 

response occurs at two or more frequencies, have become widely used in recent years.[318] 

Various applications of bi-modal approaches, whereby two eigenmodes are simultaneously 

excited, have been used[319–323] to image bio- and other materials, and novel approaches 

whereby the first cantilever resonance is operated in amplitude modulation mode and the second 

is operated in frequency modulation mode have been implemented.[322,324] Excitation of the first 

resonance can lead to excitation of higher eigenmodes, due to nonlinear interactions, which 

have been used to map nanomechanical properties of cells[325,326] and biological membranes.[327] 

6. Conclusion 

AFM-based nanomechanical measurements have become an indispensable tool for the 

characterization of biomaterials and will continue to be used to assess new natural and synthetic 

hydrogel materials as they are developed. This includes a wide range of integrated functional 

biomaterials for understanding cell mechanics[328] and also 3D microtissues,[329] paralleling 

trends in biomaterials research, as well as to understand disease.[264] At the same time, AFM-

based measurement techniques continue to be developed. The combination of AFM-based 

techniques for simultaneous mapping of complementary material properties and AFM with 

other scanning probe techniques, including scanning ion conductance microscopy[330,331] and 
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scanning acoustic microscopy are likely to continue being pursued.[165] The continued 

integration[13,48,80] of optical, such as super resolution stimulated emission depletion,[332] and 

atomic force microscopies for, e.g., mechanotransduction studies is an additional area for 

further development and the continued commercialization of small levers may lead to faster 

dynamic force mapping.[212]  
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Figures 

 

 
 

Figure 1. Considerations for mechanical measurements of biosystems showing a) lengthscales 

involved and hierarchical complexity, b) timescales of different physiological processes, and c) 

range of elastic modulus for natural and synthetic materials. Reproduced and adapted with 

permission.[116] Copyright 2014, the authors.  
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Figure 2. Plot of the number of published articles (blue) and the number of citations per year 

(yellow) obtained from Scopus using the keywords: AFM, elasticity, and cell.  
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Figure3. a) Basic schematic of an AFM and b) a representative force-distance curve. Side view 

of an indentation measurement of a cell with a c) pyramidal and d) spherical tip. AFM image 

of articular cartilage using e) a sharp pyramidal tip (radius ~ 20 nm; 1 µm scale bar) and f) a 

spherical tip (radius 2.5 µm; 20 µm scale bar). The scale bar for the insets in e) and f) are 1 µm. 

a)-d) Reproduced and adapted with permission.[132] Copyright 2015, the authors. e) and f) 

Reproduced and adapted with permission.[74] Copyright 2004, Elsevier Inc.  
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Figure 4. AFM image overlaid with the fluorescence image of a patterned cardiomyocyte. A 

rat cardiomyocyte was cultured on a micro-contact-printed square island of ECM protein on a 

polydimethylsiloxane substrate. The cell was fixed and stained for actin (green), sarcomeric 

alpha-actinin (red), and DNA (blue). After fixation, the cell was scanned by AFM. Overlaid 

topography and fluorescent images reveal that the actin/alpha-actinin myofibrils and the 

nucleus are responsible for specific AFM topography. Scan size is 92 µm. Image courtesy of K. 

Parker and N. Geisse, Harvard University.  
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Figure 5. Schematic of a force curve plotted against piezo displacement. The red line is the 

approach and the blue line is the retract curve. The dashed line on the approach curve indicates 

the region where fitting models are applied to measure the elastic modulus.  
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Figure 6. Sample stiffness as a function of indentation depth for various probe geometries for 

a) 5 kPa and b) 100 kPa samples. Note that sample stiffness scales with contact area. For 

example: A cantilever having a spring constant of ~ 0.05 N/m should be selected when 

indenting a 5 kPa sample by 1 m using a 40 m spherical tip whereas a spring constant of ~ 1 

N/m would be required for a 40 m spherical tip indenting a 100 kPa sample by 1 m.  
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Figure 7. Geometry of a) pyramidal and b) conical AFM tips. For the example of a commonly 

used cantilever (Bruker DNP)[333] where FA = 15 o ± 2.5 o, BA = 25 o ± 2.5 o and SA = 17.5 o ± 

2.5 o, Equation 14 yields α = 21.5 o ± 1.9 o.  
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Figure 8. a) Contact mode deflection image of a live MRC-5 cell. The cytoskeleton network is 

clearly visible. Scan size is 45 µm. b) Amplitude modulation mode amplitude image for a live 

mesenchymal stem cell. Scan size is 90 µm. c) High resolution amplitude modulation mode 

amplitude image of a mesenchymal stem cell showing cytoskeleton actin bundles and individual 

actin filaments. Scan size is 14 µm. b and c) Reproduced and adapted with permission.[206] 

Copyright 2007, HFSP Publishing. 
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Figure 9. MCR-5 cell studied with a combination of different techniques. a) An optical image 

obtained with a 40 objective. The green box indicates the AFM scanning area (90 µm). The 

bottom image is an overlay of two types of data obtained with AFM, on the same cell shown in 

a). The topographic image is ‘painted’ with a color scaled image of the Young’s modulus of the 

cell. Each pixel on the image shows the value of the Young’s modulus at that specific location. 

The cell shows stiffness variability across its surface – softer (darker colors) areas of the 

cytoplasm are contrasted with stiffer (lighter colors) areas in the location of the nucleus. Even 

stiffer areas are seen in the area of the nucleoli and actin filaments running across the top of the 

cell. Image courtesy of Sophia Holbauch and Nick Geisse, Asylum Research.  
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Figure 10. AFM force-indentation curves measured from different locations along a bovine 

Achilles tendon collagen fibril (inset). The modulus determined from the curves recorded on 

overlap regions is larger than that determined from the gap regions. The shaded regions show 

13 and 15 curves recorded on the overlap and gap regions, respectively, whereas the black lines 

are fits of the data using the Hertzian contact model. Reproduced with permission.[256] 

Copyright 2009, American Chemical Society.  
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Figure 11. Operating frequency of various AFM modes of operation which can be used to 

measure mechanical information. For mapping modes (Force Volume (F-V), Fast Force 

Volume and Peak Force QNM™) the estimated time taken to acquire a 512  512 pixel image 

is indicated on the top axis. Adapted from[334].  
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Figure 12. a) and c) AFM topography images and b) and d) scanning near field ultrasonic 

holography phase images showing the presence of sub-100 nm sized single-walled carbon 

nanohorns in red blood cells. Reproduced and adapted with permission.[311] Copyright 2008, 

Macmillan Publishers Limited.  


